ABSTRACT: An important step toward understanding interactions between nanoparticles (NPs) and bacteria is the ability to directly observe NPs interacting with bacterial cells. NP−bacteria mixtures typical in nanomedicine, however, are not yet amendable for direct imaging in solution. Instead, evidence of NP−cell interactions must be preserved in derivative (usually dried) samples to be subsequently revealed in high-resolution images, for example, via scanning electron microscopy (SEM). Here, this concept is realized for a mixed suspension of model NPs and Staphylococcus aureus bacteria. First, protocols for analyzing the relative colloidal stabilities of NPs and bacteria are developed and validated based on systematic centrifugation and comparison of colony forming unit (CFU) counting and optical density (OD) measurements. Rate-dependence of centrifugation efficiency for each component suggests differential sedimentation at a specific predicted rate as an effective method for removing free NPs after co-incubation; the remaining fraction comprises bacteria with any associated NPs and can be examined, for example, by SEM, for evidence of NP−bacteria interactions. These analytical protocols, validated by systematic control experiments and high-resolution SEM imaging, should be generally applicable for investigating NP− bacteria interactions.
T he unique physicochemical properties of nanoparticles (NPs) are the basis for their potential applications in nanomedicine, whereby NPs interacting with cells provide a means for detecting, monitoring, or controlling cell functions via nonbiological properties of NPs (magnetic, electronic, optical, mechanical).
1−3 Interactions of NPs with bacterial cells, for example, have been studied for overcoming antibiotic resistance, 4 ,5 biosensing, 6−9 and gene delivery.
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Despite the significant progress in characterizing interactions between NPs and bacteria, 11−14 an important remaining challenge is the lack of a general method that can provide direct, systematic, and quantitative observations of NPs interacting with bacteria. The current approaches tend to primarily focus on biological or physical aspects of such samples. A commonly used biological assay, for example, tests the antimicrobial effect of NPs by evaluating the bacterial viability after exposure to NPs. 15, 16 Physical aspects of NP− bacteria interactions tend to be analyzed by high-resolution imaging techniques, such as electron, 8,9,11,12,14 atomic force, 17 or Raman 13 microscopies, which can provide direct and quantitative information about NPs and cells (such as proximity, penetration, aggregation) but typically not directly in solution environments where NPs and bacteria interact. Artifacts introduced during preparation for imaging, therefore, can obscure evidence of NP−bacteria interactions.
If a protocol can be developed to minimize samplepreparation artifacts, scanning electron microscopy (SEM) would offer significant benefits for imaging NPs interacting with bacterial cells. Field-of-view (FOV) dimensions accessible by SEM enable capturing statistically significant numbers of resolved individual cells within a single image [Figures S1−S2 in the Supporting Information (SI)]. 18, 19 The high spatial resolution and depth-of-field of SEM also enable simultaneous observation of μm-scale objects, such as bacteria, and NPs resolved individually or in aggregates (Figure 1 ).
The concentrations of cells and NPs dramatically influence the preparation and SEM imaging of NP−bacteria mixtures. Samples with low concentrations of both cells and NPs ( Figure  1e and f) are typically the easiest to image at high resolution; 9, 20 however, isolated individual areas of such samples (e.g., Figure  S2b 14,15 While it obfuscates evidence of specific NP−cell interactions, coating of cells with a dense layer of NPs is successfully used, for example, in membrane-protein enrichment protocols, which are commonly illustrated with SEM images resembling our Figure 1a−c. 21−24 A high concentration of NPs during incubation, therefore, provides a simple general method for ensuring that all the cells had the opportunity to interact with NPs before having been prepared for imaging.
The key to preparing optimal samples of bacteria and any associated NPs for SEM imaging is, therefore, in controlling the NP concentration throughout the process. Specifically, starting with an excess of NPs in the incubation solution produces a mixture of free NPs and NPs associated with bacteria. To avoid artifacts during imaging, free NPs are then removed before drying the sample. Conversely, any NPs that became associated with bacteria during co-incubation may reveal evidence and properties of the underlying NP−bacteria interactions under direct, systematic, and quantitative ex situ analysis.
The importance of ensuring that all the free NPs have been removed after co-incubation depends on the context of an experiment. For example, when verifying high loading of each cell with NPs, 21−24 including NPs in a form of dense layers ( Figure 1a and b) or aggregates (Figure 1d ), even a relatively high fraction (perhaps, as high as 30%) of free NPs among all NPs sedimented with cells would not affect the interpretation of results dramatically. The salient common characteristic of such experiments is the relative unimportance of distinguishing between NP−NP and NP−cell interactions. Conversely, when attempting to investigate specificity of NP−cell interactions, 8, 9 any artifacts related to the presence of free NPs need to be carefully minimized, to avoid misinterpreting the apparent results, especially in comparative studies of different NPs, for example. This caveat becomes singularly important when attempting to verify that NP−cell interactions are minimal (or even absent), as would be required in measurements of negative controls in studies of specific NP−cell interactions.
For separating free NPs from a co-incubation mixture, we propose centrifugation because it relies on the colloidal stability of bacteria and NPs; the latter can be controlled via physicochemical properties of NPs and the solvent. 25 Furthermore, centrifugation is routinely used for separation and concentration of bacteria 26, 27 as well as NPs 28, 29 or NPloaded fragments of cell membranes. 21−24 For larger (∼5−15 μm) cells, dense coating with NPs can be sufficient to sediment the NP-loaded cells from an NP-cell mixture based on their higher density. 21, 23, 24 For mixtures of NPs and submicrometersized bacteria with relatively low NP loading, however, densitybased sedimentation may not be very effective, so more general colloidal stability differences have to be used for differential sedimentation, especially when a nearly complete removal of free NPs, as discussed above, is the goal. Here, we demonstrate a basic example of a systematic methodology for performing a deterministic separation of free NPs from a co-incubation mixture, whereby the initial separate measurements of NPs and cells are used (1) to narrow down the mixed NP-bacteria samples parameter space (which, a priori, is vast, owing to the combinatorics of possible mixtures) and (2) to predict the parameters for separation of mixed NP-bacteria samples. This analytical separation protocol produces samples of bacterial cells and any NPs associated with them that can be prepared for subsequent direct observation by SEM (or by other microscopy or spectroscopy methods) 8, 13 to obtain information about NP− bacteria interactions that occurred during their co-incubation.
■ EXPERIMENTAL SECTION
Nanoparticles with Organic Coatings. Magnetite NPs were synthesized by coprecipitation (CP) in an automated reactor or by a hydrothermal method (HT), as described previously (SI). 25 The synthesized NPs were stabilized by oleate (OL) or poly(acrylic acid) (PAA) capping ligands. Tetramethylammonium hydroxide (TMAOH) surfactant was used to transfer hydrophobic as-synthesized OL-coated NPs to aqueous phase. 30 Hereafter, the NPs are denoted by the capping ligand (PAA or OL) and the synthesis protocol (CP or HT).
Colloidal Stability of NPs. The iron oxide NPs used in this work are superparamagnetic, 25 so their magnetic properties do not induce colloidal instability. As described in the text and the SI, sedimentation threshold during centrifugation was used to evaluate the colloidal stability of NPs in four aqueous solutions: NaCl 0.9%, NaCl 0.45%, 0.01 M phosphate buffered saline, pH 7.2 (PBS 0.01 M), and distilled water.
Staphylococcus aureus Suspensions. For each experiment, a stock suspension of Staphylococcus aureus (S. aureus) was prepared as described in the SI. The standard protocol involves 3 (washing) steps, during which bacteria are pelleted at 8000 rpm and resuspended by vortexing. After the final washing, pellets were resuspended in 30 mL of the desired aqueous solution and sonicated under conditions that disrupt cell clusters without impairing cell viability. 31 The suspension was then adjusted to a specific optical density at 640 nm (OD 640 ) for individual experiments.
S. aureus Viability. The viability of S. aureus cells was evaluated in aqueous solutions of the same composition as those used to test the colloidal stability of NPs. Cell suspensions were prepared and plated as described in the SI, followed by comparing the colony forming unit (CFU) counts. 32 Sedimentation Efficiency for S. aureus. Sedimentation efficiency for S. aureus in water was determined starting with a cellular suspension adjusted to OD 640 ≈ 0.6. Additional measurements at OD 640 ≈ 0.1 and 0.2 are described in the SI. For each value of centrifugation rate (1000−8000 rpm), two separate 5 mL samples of S. aureus suspension were centrifuged for 5 min. After centrifugation, the OD 640 was measured for the supernatant, which was aseptically decanted to a new tube and vortexed, and the pellet, which was resuspended in 5 mL of water, vortexed, and sonicated (as detailed in the SI).
SEM Imaging of S. aureus and NPs. After centrifugation, each sample (supernatant or resuspended pellet) was filtered through a sterile 25 mm-diameter polycarbonate filter with ∼0.2 μm track-etched pores (Whatman, GE Healthcare Life Sciences) mounted in a funnel assembly connected to a vacuum pump. The material retained on the filter was fixed and dehydrated as described in the SI. Samples were imaged in a Quanta 650 (FEI) field-emission SEM (SI Table S1 ).
Statistical Analysis. Confidence intervals (CI) of mean values were calculated using the statistical package of Microsof t Excel 2010, assuming the Student's t-distribution with n replicates (n < 30). The CIs are reported at 95% confidence level (CL) as mean ± t 0.95/2 ·s/√n (s = standard deviation).
■ RESULTS AND DISCUSSION
Our approach to developing and validating a protocol for optimal separation and SEM imaging of nanoparticles interacting with bacteria is summarized in Scheme 1. We begin by establishing the parameter window for differential sedimentation, which we propose to use for removing excess free NPs (Figure 1a −d) after co-incubation of NPs and bacteria. Multiple options for choosing NPs and/or solution conditions (Table 1 ) make direct sedimentation measurements for all possible combinations of parameters impractical. Instead, we first evaluate the colloidal stability of NPs and bacteria separately in systematic centrifugation experiments that are designed to identify a range of rpm values where free NPs remain in the supernatant while bacteria sediment (Scheme 1a).
We take advantage of the relatively simple colloidal stability measurements for NPs to isolate the combination of NP and solution properties that is likely to produce efficient removal of free NPs from co-incubation mixtures (Table 1) . Colloidal stability of S. aureus bacteria is then quantified in the solution identified from NP experiments and after validating the measurement methods. Finally, we compare the observed sedimentation thresholds with the pattern in Scheme 1a, and perform the separation (Scheme 1b) followed by SEM imaging.
Colloidal Stability of NPs. A common benefit of using NPs in biomedical applications is the ability to optimize the NP coating and solution conditions, for example, to maximize the desired NP−cell interactions. The same two parameters (NP coating and solution conditions) affect the colloidal stability and thus their combination can be optimized for removing free NPs from mixtures via differential sedimentation (Scheme 1).
To illustrate our methodology, we consider a series of five NPs in which similar superparamagnetic iron oxide cores are coated with different organic shells (Table 1 and the SI) . 25 The solution options for NP-cell systems are commonly dictated by the biological components, such as any antibodies or enzymes involved in biofunctionalization of NPs and biorecognition as well as the cells themselves; the need to maintain viability of S. aureus, for example, determined our solution choices (Table 1) .
Having the solution conditions constrained by the biological component limits applicability of the otherwise common practice whereby changes in solution conditions (e.g., pH, ionic strength, or temperature) are used to evaluate the colloidal stability of NPs. 25 Serendipitously, the intended use of centrifugation suggests the use of sedimentation thresholds for comparing colloidal stabilities of NPs in one or more solutions.
For each combination of NP type and aqueous solution, sedimentation threshold, i.e., the lowest centrifugation rate at which NPs sedimented, was established (Table 1) . For each NP-solution pair, three separate aliquots were tested starting from 1000 rpm; if sedimentation was not observed, another three aliquots were tested at a higher rate (in 500 rpm increments). In all cases, we observed abrupt sedimentation, i.e., at a given rate, NP suspensions either remained stable or changed color and formed a pellet (appearance similar to SI Figure S3c ). Accordingly, thus determined sedimentation threshold could be used as a quantitative index of relative colloidal stability.
The highest colloidal stability was observed for OL-HT2 (TMAOH-stabilized) in distilled water (Table 1) , which remained in suspension up to 6000 rpm, suggesting the use of water as a solvent and OL-HT2 as model NPs for demonstrating the differential sedimentation approach (Scheme 1).
S. aureus Viability. While water has been identified above as a good solvent for OL-HT2 NPs, unlike saline solutions, distilled water is not commonly used to maintain Staphylococcus viability. 33 Keeping in mind the ultimate objectives of studying interactions of NPs with live bacteria, we started by evaluating the viability of S. aureus in water.
In a common viability assay for bacterial cells, diluted aliquots of the bacterial suspension are placed onto a solid growth medium and incubated overnight. The number of visible colonies that form after the incubation is counted; the resulting number of colony forming units (CFUs) can be used to evaluate bacterial viability, e.g., by comparing with CFU counts from reference experiments. 32, 34, 35 As detailed in the SI, we compared the CFU counts for S. aureus after incubation in water to CFU counts reached after incubation in three other solvents: PBS 0.01M and NaCl 0.9%, which are commonly used with S. aureus, and NaCl 0.45%; the latter was chosen as an intermediate value between water and NaCl 0.9%, to check for any trends in viability with salt concentration.
In three assays performed on different days, we started from the same initial S. aureus concentration (adjusted to OD 640 ≈ 0.1) and found countable plates (with 6−9 replicates) in the same dilution, therefore, the CFU counts could be compared directly (Figure 2 , SI Figure S4 ), rather than via conversion to representation as nominal CFU/mL values commonly used in microbiology. 35, 36 CFU counts for plates prepared after incubation for 1 h indicate some variability among results obtained for different solutions or on different days (Figure 2 ), but the mean values (dark shading in Figure 2) are not significantly different, based on the pooled 95% CIs. Mean CFU counts also were not significantly different at 95% CL among plates prepared after incubation for 24 h: 134 ± 57, 97 ± 18, 111 ± 20, and 109 ± 16 for water, NaCl 0.45%, NaCl 0.9%, and PBS 0.01M, respectively. Comparing these CFU counts, we can reach two conclusions about S. aureus viability. First, there is no significant difference in S. aureus viability after either 1 or 24 h incubation in the four solutions that we have examined. Second, there is no evidence of significant death or growth of S. aureus when incubated for up to 24 h in all four solutions. Accordingly, even though a previous study indicated a difference in viability of S. aureus in water vs PBS over several weeks, 35 our measurements validate the use of distilled water in experiments with S. aureus incubation times ≤24 h.
Our statistical analysis, detailed in the SI, provides additional important indications. The variability of our results is not unusual for CFU counting data, which typically are reported in log 10 plots and analyzed in terms of order-of-magnitude differences. 36, 38 Reproducibility (95% CI) of our same-day replicatesa common quality-assurance indicator 37, 38 is in ±10% to ±20% range, which is in line with best-practice measurements 32, 38 and thus would not provide, by itself, a compelling justification for additional measurements after completing the first set of assays. Repeating the assays on different days, however, revealed that the uncertainty of CFU measurements likely includes a significant systematic component, in addition to the expected random variation. We emphasize that the level of variability in our data would be inconsequential in a typical microbiology context, 36 e.g., establishing a minimum bactericidal concentration, but it must be considered when using CFU counting as a bacterial viability or concentration measurement.
Quantification of S. aureus Concentration. Having verified S. aureus viability in water, we can proceed to measure the colloidal stability of these suspensions. Unlike for the case of NPs (Table 1) , however, we do not have the advantage of abrupt visible sedimentation for bacterial suspensions. Accordingly, to evaluate the sedimentation efficiency as a gradual function of the centrifugation rate, we need to identify a method suitable for measuring bacterial concentrations.
Turbidity or optical density (OD) is commonly measured for suspensions of bacterial cells. 39, 40 At bacterial concentrations relevant for surface attachment, however, reliably measuring OD ≈ 0.1 can be a challenge, because blank buffers commonly have OD around 0.03−0.05. CFU counting can reach a lower detection limit than does OD but is more labor-intensive and time-consuming than OD measurements. Another important consideration is obtaining practically useful uncertainty (e.g., of <50%) for sedimentation efficiency values, which involve ratios of two measurements; therefore, the uncertainty of each measurement of a bacterial concentration should be <20%.
To test the resolution of OD and CFU methods, three solutions were prepared to differ by 20% (based on dilution factors) in bacterial concentration. For a method with resolution sufficient to distinguish these 20% differences in concentration, we would expect the measured means to trend and to be significantly different across the concentration series.
From the comparison in Figure 3 (and data in SI Table S2 ), the resolution of the CFU measurements clearly is not sufficient to distinguish the samples in this range of bacterial concentrations. For OD measurements, the means trend as expected and are significantly different at 95% CL for the two larger values, indicating that the resolution of OD measurements is sufficient for quantifying concentration ratios for samples with OD ≥ 0.1.
Sedimentation Efficiency for S. aureus. The appropriate initial concentration for the samples is largely determined by our interest in following sedimentation efficiency as a function of the centrifugation rate, whether that dependence is abrupt (as we observe for NPs) or gradual. For the latter case, the smallest detectable pellet dictates the choice of the initial concentration. Measuring a pellet formed by as little as 20% of the sample is practically useful; taking into account the OD ≥ 0.1 limit established above, we arrive to OD 640 in 0.5−0.6 range as an appropriate initial concentration.
The data from systematic measurements presented in Figure  4 (and detailed in SI Table S3 ) validate our approach to measuring the sedimentation efficiency for S. aureus. In particular, our choices of OD measurements and of the initial concentration have enabled us to observe the gradual increase in sedimentation efficiency from 1000 to 4000 rpm. The sedimentation efficiency clearly plateaus above 4000 rpm, indicating a parameter window between 4000 and 6000 rpm for attempting the differential sedimentation of bacteria and free NPs (Scheme 1, Table 1 ). We repeated the measurements at 1000, 4000, and 6000 rpm (in triplicate for each rpm value) to confirm the presence of the efficiency plateau in the 4000− 6000 rpm range (SI Figure S5 ) and the reproducibility of our strategy.
We note that the sensitivity limit of the OD measurements effectively restricts reliable measurements of the sedimentation efficiency to relatively high initial concentrations of bacteria. The OD value of ≈0.6 in Figure 4 is actually above the concentration optimal for incubating with an excess of NPs and for subsequently depositing the entire sample on the nanoporous support for SEM analysis. Our attempts to measure the sedimentation efficiency starting from OD values of 0.1−0.2 (SI Figure S6 ) were inconclusive because they produced much larger uncertainties, in agreement with results discussed in the previous two sections. We believe, however, that for our objective of producing a representative sample of bacteria and any NPs that directly interacted with them during co-incubation, assuring >90% sedimentation efficiency is desirable but not indispensable. For example, if the practical efficiency will enable us to recover about 50% of the bacteria from the mixed co-incubation sample, that fraction is likely to be representative of the population that we intend to analyze because a 50% fraction will not be dominated exclusively by mutant strains or other similarly low probability artifacts.
Removal of Free NPs after Co-incubation with S. aureus. Having performed colloidal stability measurements on S. aureus and NPs separately (Scheme 1a), we proceeded to the final step of the approach outlined in Scheme 1b, whereby the results of those separate measurements are combined to define the parameter window for differential sedimentation of the mixed co-incubation sample of S. aureus and NPs. We started from a co-incubation sample prepared with an excess of OL-HT2 NPs (as described in the SI) to maximize the possibility for NP−cell interactions. The mixture was incubated for 1 h, homogenized by vortexing, and centrifuged for 5 min at 4000 rpm, i.e., the value at which we expected to produce differential sedimentation of bacteria (along with any NPs that had become associated with them during co-incubation), while separating free NPs into the supernatant (Scheme 1). Both the supernatant and resuspended pellet were then prepared for SEM analysis by filtering onto nanoporous membranes followed by fixation and dehydration. SEM images of the material retained on the nanoporous membranes are presented in Figures 5 and 6, and SI Figure S7 .
An early indication of successfully retaining the free NPs in the supernatant was its brown color. After preparation for SEM, the supernatant sample shown at different magnifications in the panels of Figure 5 and SI Figure S7 is clearly dominated by structures formed by the drying of free NPs, as evidenced, for example, by observing similarly large/thick aggregates of NPs forming both on top of cells and on the supporting membrane without any cells in direct proximity. Cracks in the NP overlayer, e.g., visible around the "(a)" marker in Figure 5a , are also likely drying artifacts, supporting the above interpretation. Figure 5 thus clearly illustrates how difficult (if not impossible) it would be to find indications of NP−cell interactions without removing all free NPs after the co-incubation step.
Inferences from SEM Images for NP−Cell Interactions in Solution. In contrast to artifact-dominated images in Figure  5 , features likely produced due to NP−cell interactions in solution are visible in SEM images that show the resuspended pellet sample in Figure 6 , at magnifications similar to those in Figure 5 . The NPs bound to the bacteria in Figure 6 can be presumed to have attached during co-incubation, as the bulk of the unbound NPs clearly have been removed from this sample during centrifugation. A close inspection of the supporting membrane reveals that the removal of NPs not bound to the cells has been remarkably successful. Observing only a trivial number of free NPs, we conclude that any artifacts associated with them can be considered negligible in these images. Table S3 ) for both supernatant (gray bars, left axis) and resuspended pellet (red bars, right axis) are represented relative to the initial OD 640 ≈ 0.6; error bars indicate 95% CIs, n = 2 from two separate experiments.
Multiple features in panels of Figure 6 support the possibility of making inferences about NP−cell interactions, based on samples prepared using our protocols. Large differences in NP loading of adjacent cells (Figure 6e ), apparent clustering of NPs around some of the cell adherence regions (Figure 6b ), and the prevalence of individual NPs or apparently loose NP aggregates (indicated by observing discrete NPs or linear rather than 3D aggregates on cell surfaces) are all examples of qualitative features that could readily form during the co-incubation stage due to NP−cell interactions, to which the discrete character and localization of NP features may be attributed. Conversely, formation of such discrete and localized features during the stochastic processes, such as filtering and drying, would be much more difficult to rationalize.
Considering the colloidal stability of NPs (Table 1) provides additional insight for interpreting the NP aggregates observed in Figures 5 and 6 . Abruptness of sedimentation observed for all our NPs strongly indicates that formation of even small NP aggregates rapidly destabilizes the suspension. Accordingly, any NP aggregates formed during the co-incubation step would be pelleted during centrifugation. In contrast, any NPs retained in the supernatant could not have been substantially aggregated during co-incubation. The absence of large NP aggregates in Figure 6 then supports the assumption that during coincubation the individual NPs dominated the NP−cell interactions; conversely, the presence of aggregates in Figure  5 must be related to preparation artifacts.
We note that even though Figure 5 suggests that the sedimentation efficiency for S. aureus cells in this experiment did not reach the 90% range achieved in Figure 4 , it clearly remained above 50%; therefore, as discussed before, our preparation protocol has successfully produced samples amendable for elucidating the existence and properties of solution-phase NP−cell interactions. While our model NPs had not been functionalized to produce specific attachment to S. aureus bacteria, SEM images in Figure 6 illustrate the feasibility of future investigations of NPs attached to bacteria via putative specific interactions.
8,9 Furthermore, any bacteria that internalize some of the NPs will be also naturally represented in NPcell samples prepared using our protocol. Our model NPs are not designed to promote specific internalization and, indeed, are not internalized in any significant numbers, as confirmed by EDX measurements (SI Figures S8−S9 ). For appropriately functionalized NPs, however, systematic analysis of their internalization by bacteria will be an important area of future analytical developments 41, 42 that can take advantage of our protocols.
■ CONCLUSIONS
We developed and validated a protocol for producing samples that are amendable for elucidating from SEM images the existence and properties of solution-phase NP−cell interactions. The proposed elements of the workflow, including the initial separate investigations of colloidal stabilities for NPs and cells, have been illustrated by successfully separating, via differential sedimentation, and preparing for SEM characterization samples of NPs attached to S. aureus bacteria.
We used sedimentation thresholds as quantitative indices to compare relative colloidal stability of NPs under centrifugation. We found OD values to be suitable for quantifying sedimentation of S. aureus cells under centrifugation after systematically comparing bacterial enumeration via OD and CFU methods. Our insights and methodology will be important for future analytical developments for NP-bacteria samples.
While illustrated using a specific model system, all the steps of our protocol can be readily adapted to NPs or bacterial cells 
S1 EXPERIMENTAL SECTION
S1.1 SEM observation of S. aureus and NPs. After centrifugation, each sample (supernatant or resuspended pellet) was filtered through a wetted sterile 25-mm-diameter polycarbonate filter with ca. 0.2 µm pores (nuclepore track-etched membranes, Whatman, GE Healthcare Life Sciences), mounted in a funnel assembly connected to a vacuum pump. The material retained on the filter was fixed in aqueous 2.5% glutaraldehyde for 1 h. After fixing, the filters were washed with water three times for 10 min each time. The samples were subsequently dehydrated through a graded series of ethanol solutions [10%, 25%, 50%, 75%, 90% and 100% (vol/vol)] for 10 min in each solution and kept in a sealed desiccator until imaging. A portion of each filter was imaged in a Quanta 650 (FEI Company) field-emission environmental SEM using settings detailed in Table S1 . In addition, the elemental composition of selected samples was analyzed by energydispersive x-ray (EDX) spectroscopy with energy of the incident electron beam set to 5 kV or 20 kV. Figure S1 . SEM images of S. aureus bacteria supported on track-etched polycarbonate membranes. Under these imaging conditions (Table  S1 ) bacterial cells appear as bright spherical objects <1 µm in size, polycarbonate support is visible as a uniform gray background, and sharply-defined track-etched pores appear as dark circles of ca. 0.2 µm in diameter. Individual sub-µm bacterial cells are clearly resolved in images spanning a wide range of FOV sizes (a-c); images cropped for side-by-side comparison. (Table S1 ) can span roughly two orders of magnitude (a, b, Figure S1c) ; images cropped for side-by-side comparison.
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S1.2 Nanoparticles with Organic Coatings. Magnetite NPs were synthesized by controlled coprecipitation (CP) in an automated reactor or by a hydrothermal method (HT), as described previously. [ Ref 25 ] Stoichiometric amounts of FeCl 2 ·4H 2 O and FeCl 3 ·6H 2 O were used as iron precursors, while concentrated ammonia hydroxide solution was used as a precipitation agent. Colloidal stability of the resultant NPs was achieved by functionalizing their surfaces during the synthesis with poly(acrylic acid) (PAA) or oleate (OL) capping ligands. The final products appeared as brownish-black colloidal dispersions in the solvent. While PAA-coated NPs can be dispersed in water, OL-coated NPs are hydrophobic assynthesized and thus can be dispersed only in nonpolar organic solvents. The phase transfer of OL-coated NPs from organic phase to aqueous solution was accomplished via a surfactantbased procedure using tetramethylammonium hydroxide (TMAOH). [ Ref 30] Throughout this work, the NPs are denoted by the primary capping ligand (PAA or OL) and the synthesis protocol (CP or HT). The differences between the numbered samples are as follows: synthesis of PAA-CP2 was performed with double concentration of the starting reagents compared to that used for PAA-CP1; OL-HT2 was treated with a higher TMAOH surfactant concentration than that used for OL-HT1. S1.3 Colloidal Stability of NPs. Sedimentation threshold for each of the NPs was used to evaluate their colloidal stability in four aqueous solutions: NaCl 0.9%, NaCl 0.45%, 0.01 M phosphate buffered saline, pH 7.2 (PBS 0.01M), and distilled water.
Prior to adding NPs, all solutions were sterilized by autoclaving for 20 min at 121 °C. Before centrifugation, dispersions of each NP were sonicated for 10 min, at 50 kHz (SC-52 ultrasonic bath, Sonicor, USA), to break up loose aggregates of NPs. Dilutions were prepared by adding 5 µL of the dispersion of NPs (ca. 10 g/L) to 4995 µL of the respective aqueous solution, in a 15 mL tube, to produce the final aqueous dispersion of NPs.
Static precipitation was tested as a means of evaluating the colloidal stability of NPs ( Figure S3 ), but provided only limited information. Specifically, instability was readily apparent for NP suspensions that changed color and formed precipitates ( Figures S3b and S3c) , but the degree of stability was difficult to quantify or compare for the more stable combinations (Figure S3a) . Accordingly, centrifugation was chosen to quantify colloidal stability of NP suspensions. For each value of the centrifugation rate from 1000 and up to 8000 rpm, three separate 5 mL samples (of every NPsolution pair) were centrifuged for 5 min. If sedimentation was not observed at a given rate, the next sample of the same NPsolution pair was centrifuged at a higher rate (in increments of 500 rpm). The process continued until reaching the rate at which sedimentation first occurred; this rate was recorded for each NP-solution pair. We emphasize that to avoid contributions from sample history, a different aliquot was tested at each centrifugation rate rather than merely subjecting the same aliquot to progressively increasing centrifugation rates. In triplicate experiments for each NP-solution pair, sedimentation first occurred always at the same rate; the corresponding values are presented in Table 1 . In effect, the abrupt sedimentation behavior for each NP sample allowed us to quantitatively parameterize the colloidal stability of each NP sample with a single number (Table 1) rather than with a more complex function (Scheme 1a).
The trends in colloidal stability as a function of salt type and concentration in Table 1 suggest that different mechanisms dominate the stabilization of the five NP samples analyzed in this work. PAA-CP1, OL-HT1, and OL-HT2 share the pattern of low stability in all the salt solutions and increased stability in water, suggesting predominantly electrostatic stabilization. More complex stabilization mechanism, including possible steric effects, is indicated by the patterns observed for PAA-CP2 and PAA-HT, whereby the stability differs among the salt solutions and stability in water mirrors that in PBS 0.01M.
S1.4 Staphylococcus aureus Suspensions. For each experiment, Staphylococcus aureus (S. aureus) ATCC 25923
(ATCC, American Type Collection Culture) was subcultured on Tryptic Soy Agar (TSA, Merck, Germany) for approximately 36 h at 37 °C and then grown for 18 h in 30 mL of Tryptic Soy Broth (TSB, Merck, Germany) at 37 °C under a constant agitation at 120 rpm. Cells were harvested by centrifugation (Sigma 3-16K, Sigma Laborzentrigugen GmbH, Germany) at 8000 rpm at 4 °C for 5 min, the supernatant was discarded, and the pellet resuspended in the desired aqueous solution and centrifuged twice at 8000 rpm at 4 °C for 5 min. The resultant pellet was resuspended in 30 mL of the same aqueous solution and sonicated (Cole-Parmer® 750-W Ultrasonic Homogenizer, employing a 13-mm microtip) using the following cycle: (20 s + 40 s) at 30% followed by (40 s + 40 s) at 40%, for disruption of cell clusters without impairing cell viability. [Ref 31] For the subsequent assays, the cellular suspension in the different aqueous solutions was adjusted to a specific optical density at 640 nm (OD 640 ) as determined using a microplate reader (Synergy HT, Biotek®). S1.5 S. aureus Viability. Viability of S. aureus cells was evaluated in aqueous solutions of the same composition as those used to test the colloidal stability of NPs: NaCl 0.9%, NaCl 0.45%, PBS 0.01M, and water. Bacterial suspensions, prepared as described in the previous section, were adjusted to an OD 640 ≈0.1 in each aqueous solution, and then left to incubate at room temperature for 1 h or 24 h. After the incubation, 10-fold serial dilutions were prepared by sequential transfer of 100 µL into 900 µL of the aqueous solution. A 10 µL sample from each dilution was deposited on a TSA Petri dish, in triplicate, and the plate was tilted until the drops migrated across the agar surface to the opposite side of the plate. [ Ref 32] After drying, the plated samples were incubated 24 h at 37 °C and the number of colonies was counted. The plates at the dilution that produced a countable number of colonies were selected for comparing the colony forming unit (CFU) counts S5 among the samples. [Ref 32 ] Most of the successful assays produced 9 countable replicates; the number of countable replicates was not less than 6 in all cases.
In all our viability assays countable plates were produced at the same dilution, therefore, the CFU counts could be compared directly (Figure 2, Figure S4 ). We note that converting CFU counts to a representation as nominal CFU/mL values is commonly done in microbiology [Refs 35, 36, 38] largely because that representation is convenient for comparing CFU counts obtained from plates of different dilutions. In particular, despite the CFU/mL values having the units of concentration, the CFU terminology underscores that this method does not guarantee measuring concentrations of individual bacteria. In our case, directly comparing CFU counts also emphasizes the counting nature of CFU-based assays and informs the choice of the appropriate statistical methodology for analyzing the results, as discussed in more detail below. Two types of criteria are commonly used to define a "significant difference" when comparing data from microbiological experiments. (1) Most commonly, in bacterial enumeration experiments the minimum bactericidal concentration (or another similarly-defined parameter) is established based on observing a ≥99.9% (or ≥99%, for some applications) decrease in the treated bacterial population compared to the untreated control (or the value before treatment). In other words, only differences ≥3-log 10 (or ≥2-log 10 , respectively) in CFU/mL values are considered to be significant in such CFU-based assays. [ Ref 36, 38] Accordingly, the CFU/mL values for such measurements are typically plotted and compared on a log 10 scale spanning multiple decades. (2) Alternatively, statistical definitions, e.g., based on CIs, can be used to identify significant differences among CFU data.
The log 10 representation had been used in a previous comparison of S. aureus viability over several weeks in two different storage solutions (water vs PBS). [Ref 35] Attempting to present our data for individual assays (days) in the log 10 format provides an apparent indication of the quality of our data: error bars corresponding to 95% CIs can only be clearly seen with expanded vertical scales ( Figure S4 b-d) . The reproducibility of same-day replicates is commonly used as a quantitative quality-assurance indicator in CFU counting [ Refs 37, 38] . For our measurements, variation among same-day replicates is in the ±10% to ±20% range (Figures 2 and S4 b-d) , which is in line with best-practice measurements [ Refs 32, 38] ; the data after 24 h incubation (not shown in detail) are of similar quality. Given the 2 log 10 range of the panels in Figure  S4 , the differences (intra-or inter-day) among the S. aureus viabilities in the four solutions clearly are not significant under either the ≥3-log 10 or ≥2-log 10 criteria described above.
For a more formal and quantitative statistical analysis of our viability data (Figures 2 and S4) , the appropriate procedure needs to be identified for pooling the data from the 3 separate assays (days). Such a comparison is not commonly done in the context of viability studies, but it provides some interesting insights. First, we note that the same-day variation among replicates for the same solution or among the means for different solutions is comparable and relatively small (in the ±10% to ±20% range, Figures 2 and S4 b-d) . In contrast, the variation among replicates of the same solution or among the means for different solutions is much larger than what may be expected from same-day values.
Having identified two scales of variability, we clearly would lose important inferences about its sources if the data from 3 days were considered simply as part of the same large set. The 95% CIs calculated under such a simplistic pooling assumption become comparable to the mean values, essentially suggesting that any comparison among the data more detailed than that under the ≥3-log 10 or ≥2-log 10 criteria is not statistically meaningful.
By considering the CFU counts from each day as separate attempts to estimate the common underlying quantity (in this case, the true CFU concentration of a sample adjusted to OD 640 ≈0.1), we realize that the inter-day variability serves as an indication of a systematic measurement uncertainty, which biases the measurement in a specific assay (among different days or different solutions) from the true value of the underlying bacterial concentration. Establishing the nature of this 
In contrast, the intra-day variability provides an estimate of the random contribution to the measurement uncertainty. It may be improved, to some extent, by adding more same-day replicates, but likely has a lower limit determined by the intrinsic variability of bacterial growth experiments.
We do not have a clear indication regarding the sign of the systematic bias revealed by inter-day comparisons, so the pooled mean value is still the best estimate of the true CFU count that corresponds to the underlying CFU concentration. The CI calculation is different, however, because it is calculated by pooling the standard deviations of the 3 separate measurements (as a root-mean-square) and using the degrees of freedom of the smallest of the 3 pooled sets to calculate the Student's t statistic (following the statistical procedure for sets with unequal variances). In other words, the pooled mean and CI values in Figures 2 and S4a provide the best estimate of what an unbiased (i.e., properly controlled for all systematic factors) measurement would produce for each solution. We note that while the systematic bias appeared to be correlated among the 4 solutions on a specific day in our measurements ( Figures 2 and S4 b-d) , without a better understanding of its origins, the sign and magnitude of the systematic bias can not be assumed to be day-specific: statistical conclusions regarding the effect of the different solutions on S. aureus viability, for example, would be different based on considering the data in Figure 2 (or Figures S4 b-d) for just one of the days.
Considering the pooled values, we note an apparent trend in CI values across the solutions, with the two "low-salt" conditions (water and NaCl 0.45%) having the largest CIs and PBS 0.01M having the smallest CIs. While a rigorous confirmation of this effect would require a dedicated study, we can speculate that a practical motivation for using PBS 0.01M for handling S. aureus could be a reduced variability in CFU counts rather than an overall enhancement of viability.
The final speculation regarding the sign of the systematic bias is suggested by observing that the CIs are the lowest (in both absolute and relative terms) for the lowest mean CFU counts (Figure 2) . A possible inference from this trend is that the systematic bias may randomly increase the CFU count in a given assay, while the lowest observed values correspond to minimally biased measurements. As with the other speculations offered above, formally investigating this hypothesis would require a dedicated study that falls beyond the scope of this work. S1.6 Sedimentation Efficiency for S. aureus. In the primary systematic evaluation, sedimentation efficiency for S. aureus in water was determined starting with a cellular suspension adjusted to OD 640 ≈0.6 (Figures 4 and S5) , OD 640 ≈0.1 ( Figure  S6a ), or OD 640 ≈0.2 ( Figure S6b ). For each value of the centrifugation rate (1000-8000 rpm), two separate 5 mL samples of S. aureus suspension were centrifuged for 5 min. To confirm the results from the main series for the initial OD 640 ≈0.6 (Figure 4 ), measurements were repeated in triplicate at 1000, 4000, and 6000 rpm ( Figure S5 ). After centrifugation, the OD 640 was measured for the supernatant, which was aseptically decanted to a new tube and vortexed for ca. 60 s, and the 
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The primary purpose of the replicate measurements for the initial OD 640 ≈0.6 summarized in Figure S5 was to confirm the characteristics of the sedimentation pattern in Figure 4 (Table  S3 ) that are critical for performing the differential sedimentation outlined in Scheme 1. The measurements at 4000 and 6000 rpm confirm the indication of Figure 4 that the sedimentation efficiency plateaus at 4000 rpm and above, thus supporting the choice of 4000 rpm as the rate for the differential sedimentation experiment. The measurement at 1000 rpm confirms both the low sedimentation of S. aureus cells at that rate and the ability of our methodology to reliably measure pellets of that size (as a fraction of the initial OD 640 ≈0.6). The latter observation is in agreement with the resolution tests of Figure  3 (Table S2) , as the ca. 25% pellet in Figure S5 corresponded to OD 640 ≈0.15, validating our choice of OD 640 ≈0.6 as a starting concentration for reliable sedimentation efficiency measurements.
In contrast to the reliable sedimentation measurements starting from OD 640 ≈0.6, lower initial concentrations result in largely inconclusive measured values ( Figure S6 ), primarily because the absolute OD 640 values measured for both the supernatant and resuspended pellet are too close to the limit of OD 640 ≈0.1 identified in Figure 3 (Table S2 ). We note that the magnitude of the 95% CI error bars in Figure S6 is partly due to the small number of replicates (n = 2); unfortunately, the time-consuming nature of such measurements limits a practical number of replicates that can be performed for the full series (hence, the measurements in Figure S5 only partially replicated the range of Figure 4) .
Their large uncertainties notwithstanding, the data in Figure  S6 do indicate that at least some fraction of S. aureus cells sediments at ≥4000 rpm from suspensions with initial concentrations of OD 640 ≈0.1 and OD 640 ≈0.2. Unlike in Figure 4 , however, the sum of the measured supernatant and pellet fractions in Figure S6 is not close to 100% for ≥4000 rpm range (as indicated by vertical separation between the top/bottom edges of the red/gray bars in each pair), suggesting that one (or both) of the measured values is (are) underestimated.
The results summarized in Figures 4, S5 , and S6 highlight a general challenge in developing, validating, and performing analytical protocols that involve measurements and systems measured both in solution and on surfaces (or supports, microfluidic channels, or any other arrangements limiting the total sample size). S. aureus suspensions with in the OD 640 ≥0.6 range where we can readily validate the sedimentation protocol (Figures 4 and S5) produce samples with an excess of cells (e.g., note the multilayer agglomerates of cells in Figures 1a  and 1b) for SEM imaging. Reducing the initial cell concentration to the levels compatible with subsequent SEM imaging, however, makes the samples difficult to measure by solution methods (Figures 3 and S6 ). Addressing this challenge in a systematic manner requires a more detailed investigation that falls beyond the scope of the current work, so here we focus on the ramifications for the goals of this investigation.
As indicated in the main text, assuring >90% sedimentation efficiency is desirable but not indispensable for our objective of producing a representative sample of bacteria and any NPs that directly interacted with them during co-incubation. A minimal criterion for a successful differential sedimentation would be to observe a large enough fraction of the original cell suspension in a pellet to ensure that the sedimented fraction is not dominated by mutants or other, similarly low probability, artifacts, but rather is representative of the cell population that we intend to analyze. We believe that recovering about 50% of the bacteria from the mixed co-incubation sample would be sufficient to satisfy this practical criterion. As discussed above, the data in Figure S6 do not rule out that about 50% of the bacteria sediment at ≥4000 rpm even from the suspensions with low initial concentrations, so it should be reasonable to proceed with attempts to produce the differential sedimentation outlined in Scheme 1.
S1.7 Correlation between OD and CFU measurements.
In typical microbiology experiments, a correlation is assumed between bacterial enumeration using OD and CFU methods.
[ Ref 39 ] Verifying this correlation is obviously important, particularly when the system of interest has special properties. In our case, both the low OD 640 values and centrifugation/resuspension steps can affect the measurements by one or both of the methods and thus their correlation.
The initial OD 640 measurements ("initial S. aureus suspension" columns in Table S2 ) for three solutions prepared to differ by 20% (based on dilution factors) in bacterial concentration were used to compare the resolution of OD and CFU measurements in this concentration range, as discussed in the main text (Figure 3 ). Having found that only the OD values exhibited the expected trend of the means (statistically significant for OD 640 ≥0.1) across this model series, we had selected OD measurements as appropriate for quantifying the sedimentation efficiency for S. aureus in water (Table S3, Figures 4,  S5, and S6) .
Aliquots of the same three solutions were then centrifuged at four different rates, as indicated in Table S2 . The rates ≥6000 rpm were chosen to maximize the sedimentation efficiency even at the low initial OD 640 ≈0.1 of these test samples (Figures 4, S6) . While the analysis of the data in Figure 3 had already suggested that OD 640 and CFU measurements are not strongly correlated in this concentration range, the following comparison of the OD 640 and CFU values measured for resuspended pellets and for selected supernatant samples summarized in Table S2 provides additional insights, and supports the use of OD 640 rather than CFU values for quantifying sedimentation efficiencies (e.g., in Figure 4) .
The OD 640 values for supernatant and resuspended pellet in each row of Table S2 add up to approximately the OD 640 values measured before centrifugation. While the agreement is not perfect, it is consistent with uncertainties analyzed in Figure 3 and clearly indicates that the same intrinsic characteristic of S. aureus suspensions is measured by OD before and after centrifugation.
In contrast, the CFU counts are essentially uncorrelated between the initial suspension and centrifuged samples: in most cases the values differ dramatically between the initial suspension and the pellet and adding up the CFU counts for pellet and supernatant does not account for the difference (Table S2) . Clearly, the CFU counts do not measure the same intrinsic characteristic of S. aureus suspensions as that measured by OD. Neither are CFU counts appropriate for sedimentation efficiency measurements in this concentration range, as they produce essentially random "% pellet" values. Figure S7 . SEM images of the supernatant after differential sedimentation of an NP-cell mixture. Following Scheme 1b, free OL-HT2 NPs remained in supernatant at 4000 rpm. NPs appear as resolved bright objects (ca. 20 nm) or as aggregates; S. aureus cells appear as spherical objects (ca. 700 nm).
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A speculative inference from the CFU differences before and after centrifugation is that the pellet resuspension process (both after the final centrifugation and after the preceding washing steps) does not produce a consistent population of CFUs in suspension (e.g., average number of bacteria per CFU varies among samples). The OD measurements, in contrast, are much less sensitive to cell aggregation and thus are not affected as strongly as CFU counts. S1.8 Removal of Free NPs by Differential Sedimentation. The parameter window for removing the excess free NPs from mixed NP-bacteria samples was determined based on the separate sedimentation measurements for NPs and S. aureus.
Equal volumes (2.5 mL) of S. aureus suspension (in water) adjusted to OD 640 ≈0.2 and OL-HT2 colloid (also in water) at ca. 2 mg/mL concentration were mixed to produce an excess of NPs and thus maximize the possibility for NP-cell interactions. The mixture was then incubated for 1 h, homogenized by vortexing for 60 s, and centrifuged at 4000 rpm for 5 min at 4 °C. The resultant pellet was aseptically resuspended by vortexing in distilled water. Both pellet and supernatant were withdrawn for SEM analysis.
Panels of Figure S7 show evidence (complementary to that in Figure 5 ) of the structures being formed during the sample preparation for SEM rather than during the NP-cell coincubation. Drying cracks are observed in a dense layer of NPs in the top-right corner of panel (a). Large, thick, threedimensional NP aggregates are observed on and around cells in panels (a) and (b), on the bare porous substrate away from cells in panel (a), and as apparently self-supported threedimensional arrangement in the center of panel (a). Figure S7 may appear contradictory to the above interpretation, as the cluster of cells in the foreground has very few NPs attached, i.e., shares an appearance with cells in the resuspended pellet samples in Figure 6 . We note, however, that the cells visible in the background (particularly along the bottom edge of the panel) are covered with a dense layer of NPs, similar to that seen in the other supernatant samples. Therefore, rather than indicating a strong avoidance of those specific cells by the NP aggregates during filtering/drying steps, the foreground cell cluster then is most likely a result of secondary re-deposition of cells during filtering, i.e., it probably has arrived to this location after the majority of the NPs have been deposited. S1.9 EDX Analysis. Representative samples of the supernatant and resuspended pellet after differential sedimentation were analyzed by EDX to confirm the effective removal of the free NPs by our protocol.
Panel (c) of
Resuspended pellet sample ( Figure S8 ) provides direct evidence of the free NPs being nearly completely removed from the original NP-cell mixture. An area with a single isolated cell surrounded by bare supporting nanoporous membrane was selected for the EDX analysis to ensure that any free NPs present within the analysis region would be clearly visible. Some residual charging artifacts could not be completely removed under conditions optimized for the subsequent EDX analysis ( Figure S8a ), but their presence does not prevent us from clearly observing only a minimal number of free NPs in the entire area, as expected ( Figure 6 ) after their successful removal by differential sedimentation (Scheme 1). Figure S8 . SEM image and EDX spectra of the resuspended pellet after differential sedimentation of an NP-cell mixture. (a) As expected, only a few free NPs are visible on the bare support surrounding an isolated S. aureus cell, which appears as a spherical object (ca. 700 nm). Edges of the ca. 200 nm pores are highlighted because of the residual charging artifacts on this sample under the imaging conditions that optimize the lateral localization of EDX analysis. EDX spectra are shown for nominal regions centered over the isolated cell (R1) and bare support (R2). (b) EDX spectrum centered over the isolated cell and acquired at 20 kV primary beam energy.
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The EDX spectra acquired over the nominal regions centered over the isolated cell (R1) and bare support (R2) in Figure S8a are nearly identical, apart from the minor (<5 at. %) N and P signatures of the cell detected in the R1 region. The difference between the R1 and R2 spectra confirms that the EDX analysis regions in this measurement have been strongly localized at the scale comparable to the sizes of the nominal R1 and R2 regions selected in the software.
Notably, the Fe signal that would be expected if a significant number of iron oxide NPs were present in the sample is not detected in either of the two regions. Selecting larger areas over either groups of cells or bare support produced essentially the same EDX spectra (data not shown). To verify that a large number of NPs is not present either under or inside the cell in Figure S8a , we acquired an additional EDX spectrum using the primary electron beam of a much larger energy (20 kV, rather than 5 kV used in Figure  S8a ), which dramatically increased the depth of analysis (Figure S8b) . Observing the signal from the Cu mounting tape under these conditions confirms that the entire thickness of the cell and the membrane is sampled by EDX, yet no Fe signal is detected. This measurement was repeated in several additional areas (data not shown) with analogous results. While the sensitivity of EDX measurements would limit our ability to detect a small (ca. 10) number of NPs, a larger number (ca. 100) would be clearly visible, as confirmed by the measurements of the sample in Figure S9 . The absence of the Fe signal in Figure  S8b then indicates that only a minimal number of NPs (if any) had been internalized by the S. aureus cells during our experiments. This observation is not unexpected, as the model NPs had been selected based on their colloidal stability (Table 1) and had not been modified to promote either specific attachment to or internalization by the model S. aureus bacteria.
The supernatant sample in Figure S9 provided complementary information regarding the use of EDX for analyzing our S11 mixed NP-cell samples. In agreement with the observations summarized in Figures 5 and S7 , individual and aggregated free NPs are clearly seen in the SEM image of the selected area ( Figure S9 ). We have acquired EDX spectra from regions nominally centered over the areas indicated as R1-R4 in Figure S9. These four areas had been selected based on their visibly different nominal content: a cell covered by aggregated NPs (R1), an NP aggregate without a cell present (R2), bare support (R3), and a cell with a small number of visibly attached NPs. Comparing the EDX spectra for regions R1-R4, we observe the following systematic characteristics.
In agreement with the results in Figure S8 , small (<5 at. %) N and P signals are associated with the areas that include a cell, whether accompanied by a large (R1) or a small (R4) number of visible NPs. Conversely, the strongest combination of Fe and O signals is associated with the areas that include the large (> 100) number of visible NPs, whether accompanied by a cell (R1) or not (R2). These correlated observations combined clearly indicate that the EDX spectra do include a significant (if not dominant) contribution from the nominal specified analysis regions. They also directly confirm our ability to detect a large number (>100) of NPs, supporting our preceding conclusion about the absence of such large numbers of NPs in the sample of Figure S8 .
In contrast to the apparently high localization of the EDX analysis region in Figure S8 , however, a broadening effect is apparent in the EDX data from Figure S9 , as small but clear Fe signals are observed in nominal areas R3 and R4 that do not contain a large number of visible NPs. Some broadening, sometimes referred to as "skirting," can be expected under the low vacuum (90 Pa) and primary beam energy (5 kV) that were used for EDX in Figure S9 to minimize residual charging and other artifacts. Observing a mixture of contributions correlated and uncorrelated with the visible content of the nominal analysis areas indicates that the effective analysis area is likely up to 5 µm in diameter under these conditions. Significantly, the fact that a comparable Fe signal is observed for the cell in R4 and the blank support in R3 also strongly indicates that this signal is associated with lateral broadening of the analysis area in all cases, rather than with any putative internalization of a large number of NPs by the cell in R4.
